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Tabanids (syn. horse flies) are biting-flies of medical and veterinary significance because of their ability to
transmit a range of pathogens including trypanosomes – some species of which carry a combined health and
biosecurity risk. Invertebrate vectors responsible for transmitting species of Trypanosoma between Australian
wildlife remains unknown, thus establishing the role of potential vector candidates such as tabanids is of utmost
importance. The current study aimed to investigate the presence of indigenous trypanosomes in tabanids from an
endemic area of south-west Australia. A total of 148 tabanids were collected, with morphological analysis
revealing two subgenera: Scaptia (Pseudoscione) and S. (Scaptia) among collected flies. A parasitological survey
using an HRM-qPCR and sequencing approach revealed a high (105/148; 71%) prevalence of trypanosomatid
DNA within collected tabanids. Individual tissues - proboscis (labrum, labium and mandibles, hypopharynx),
salivary glands, proventriculus, midgut, and hindgut and rectum - were also tested from a subset of 20 tabanids
(n = 140 tissues), confirming the presence of Trypanosoma noyesi in 31% of screened tissues, accompanied by
T. copemani (3%) and T. vegrandis/T.gilletti (5%). An unconfirmed trypanosomatid sp. was also detected (9%)
within tissues. The difference between tissues infected with T. noyesi compared with tissues infected with other
trypanosome species was statistically significant (p < 0.05), revealing T. noyesi as the more frequent species
detected in the tabanids examined. Fluorescence in situ hybridisation (FISH) and scanning electron microscopy
(SEM) confirmed intact parasites within salivary glands and the proboscis respectively, suggesting that both
biological and mechanical modes of transmission could occur. This study reveals the presence of Australian
Trypanosoma across tabanid tissues and confirms intact parasites within tabanid salivary glands and the proboscis
for the first time. Further investigations are required to determine whether tabanids have the vectorial
competence to transmit Australian trypanosomes between wildlife.

1. Introduction
Tabanids (syn. horse flies, March flies) are haematophagous insects
of the family Tabanidae (Diptera) that universally comprises more than
4400 known species (Pape et al., 2011; Roskov et al., 2015), of which
approximately 230 species have been identified within Australia
(Mackerras, 1954, 1956; Lessard & Yeates, 2012). Tabanids are robust
flies, with their ecological preference exceptionally diverse as exhibited

by their extensive geographical distribution that only excludes the
extreme northern and southern latitudes (Strother, 1999; Baldacchino
et al., 2014). In Australia, tabanids are ubiquitous; found across the
continent including Tasmania, and there are several mainland species
that inhabit adjacent islands of the Torres Strait and neighbouring Papua
New Guinea (Mackerras, 1956; Mackerras, 1964; Daniels, 1989).
Tabanids are known biological or mechanical vectors in the trans
mission of several infectious agents of veterinary and medical
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importance including tularemia (rabbit fever), surra, and even anthrax
(Baldacchino et al., 2014). In particular, their mechanical transmission
of various pathogens, accomplished either through contamination of
mouthparts or regurgitation, has been documented for several decades
(Foil, 1989; Baldacchino et al., 2014). Tabanid flies therefore serve as
vectors for various species of bacteria, viruses, helminths, and protozoa.
Concerning the latter, protozoan haemoparasites transmitted by tabanid
flies include Trypanosoma - confirmed species include T. brucei brucei, T.
congolense, T. evansi, T. theileri, and T. vivax (Baldacchino et al., 2014).
All of these species of Trypanosoma are mechanically transmitted to
susceptible vertebrate hosts during the interrupted feeding behaviour of
tabanid flies (Hoare, 1972; Desquesnes and Dia, 2003). T. theileri and
T. vivax are further reported as capable of being transferred between
hosts via biological transmission routes (Hoare, 1972; Baldacchino
et al., 2014).
In Australia, the detection of novel trypanosomes is becoming more
frequent with parasitological surveys of various species of native wild
life revealing a widespread geographical distribution for several indig
enous trypanosome species (Thompson et al., 2014; Cooper et al., 2016;
Barbosa et al., 2017). An area extensively researched over the last
decade has been the south-western region of Western Australia, with
several native fauna listed as vulnerable or critically endangered on the
IUCN list of threatened species. Of particular concern has been the
dramatic population decline of the woylie (syn. brush-tailed bettong;
Bettongia penicillata), with trypanosome infections proposed as one of
several likely driving influences (e.g. introduced predators, habitat
destruction) in the rapid regression in population numbers (Smith et al.,

2008; Wayne et al., 2015).
To date, the majority of research on the diversity and characterisa
tion of Australian Trypanosoma species has focused directly on the
affected vertebrate hosts (Paparini et al., 2011; Thompson et al., 2014;
Northover et al., 2019; Ortiz-Baez et al., 2020) or most recently, sus
pected vectors such as ticks (Krige et al., 2021a, 2021b). Consequently,
there is a significant knowledge gap concerning the life cycle of
Australian trypanosomes, with the vectors responsible for their trans
mission speculated but at present, unconfirmed. Apart from an oppor
tunistic survey of a small number of tabanid flies for the presence of
T. noyesi (Botero et al., 2016), a species of biosecurity concern attributed
to its shared genetic proximity to the South American pathogen T. cruzi,
there remains a lack of data on the occurrence of trypanosome parasites
in tabanid flies in Australia. Given: a) the ubiquitous distribution of
tabanids across Australia, b) the biting behaviour of female flies that can
lead to the mechanical transmission of pathogens, c) their known ca
pacity as a family to transmit exotic trypanosomes and hence, the
impending biosecurity risk should Australian tabanids serve as common
vectors for trypanosomes within the T. cruzi clade (Thompson and
Thompson, 2015), understanding the association between Australian
tabanids and indigenous trypanosomes is of utmost importance. In the
present study, we conduct a combined molecular and microscopy survey
for species of indigenous Trypanosoma harboured by tabanid flies
collected from an established endemic region (i.e. known to contain
parasitaemic vertebrate hosts) of south-west Australia.

Fig. 1. Geographical areas within the Upper Warren Region of south-western Australia.
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2. Materials and methods

(T. copemani, T. noyesi and T. vegrandis) found to commonly infect
Australian fauna in the area sampled, as well as negative controls (PCRgrade H2O, no template control, Leishmania macropodum sp. nov.) were
included in each HRM-qPCR run.

2.1. Study sites, sampling and tabanid identification
Tabanid sampling by way of opportunistic trapping using hand-held
netting was carried out in the Upper Warren Region (UWR) located in
south-west Australia, a 144,000 ha of nature reserve and forested areas
in which several native fauna inhabit (Fig. 1). A total of 20 sites were
targeted for collection. Sampling occurred between the months of
October 2019–March 2020 (spring/summer). Tabanids were immersed
in 70% ethanol immediately following collection and stored at ambient
temperatures during field work before subsequently being stored at 4◦ C
on the same day. Sequential photographs of different features of each fly
were captured using a stereo optical microscope with attached 5.0MP
Dino-Eye Edge digital eye piece camera (ANMO Electronics Corporation,
Taiwan). Tabanid flies were identified to genus and where possible
subgenus level by discerning the unique morphological features that
differentiate between genera and subgenera of Australian tabanids as
described in the taxonomic keys of Mackerras (1954, 1956, 1959).

2.6. Confirmation of qPCR positives by sequencing
Positive samples by HRM-qPCR were run on 1.5% (w/v) agarose gels
prior to purification of extracted bands using a filtered pipette tip
method (Yang et al., 2013). Samples were subsequently Sanger
sequenced in both forward and reverse directions using an ABI Prism™
BigDye v3.1 Cycle Sequencing kit according to the manufacturer’s
protocol (Applied Biosystems, California, USA). For the purpose of
validating HRM-qPCR species identification, generated sequence chro
matograms were aligned using the MUSCLE alignment tool (Edgar,
2004) in Geneious v10.2.2 and identified using BLASTn (http://blast.
ncbi.nlm.nih.gov/Blast.cgi). The gene sequences with 90–100% simi
larity match score to existing sequences within the National Center of
Biotechnology Information (NCBI) database were considered as signifi
cant. Phylogenetic analysis of the amplified 18S rRNA region was per
formed for Trypanosoma spp. (T. copemani, T. noyesi, T. vegrandis/T.
gilletti) and ‘other’ trypanosomatid sp. DNA detected within tabanids. A
maximum likelihood (ML) tree was generated using the HKY85 genetic
distance model with bootstrap resampling using 1000 replicates and
constructed using PHyML v3.2 in Geneious (Guindon et al., 2010; Kearse
et al., 2012).

2.2. Tabanid dissections
Tabanids were rinsed in sterile phosphate buffered saline (PBS; 10
mM Na2HPO4, 150 mM NaCl at pH 7.4). Tabanid tissues were isolated
using sterile forceps and disposable scalpel blades and thoroughly rinsed
in PBS. Tissues of interest (n = 7) that included proboscis components:
labrum (P1), labium and mandibles (P2), hypopharynx (H); salivary
glands (S); proventriculus (V); midgut (M); and hindgut and rectum (G)
were dissected for the purpose of downstream molecular and micro
scopy applications. Dissected tissues from each fly were placed into
separate 1.5 mL microfuge tubes in preparation for DNA extraction.

2.7. Fluorescence in situ hybridisation (FISH)
In preparation for FISH, dissected salivary glands (n = 5 samples per
pool) and hindguts (n = 5 samples per pool) were retrieved from a subset
of 20 tabanids DNA positive for Trypanosoma using HRM-qPCR. Tissues
were macerated in PBS using sterile forceps, spread on a microscope
slide, methanol fixed, and air dried. A 22 bp 18S rRNA probe specific for
trypanosomatid DNA (5’ -GTAGTCCACACTGCAAACGATG- 3’) labelled
at the 5’ end with the fluorophore Alexa Fluor® 647 was utilised in this
study. FISH was performed on the smeared contents of salivary glands
and hindguts using the protocol described in Krige et al. (2021a).
Samples were mounted with anti-fade ProLong™ Gold (Thermo Fisher
Scientific, Eugene, Oregon, USA) containing 4′ , 6-diamidino-2-phenylin
dole (DAPI) prior to visualisation. Fluorescent signals were observed at
400x and 1000x magnification under an epifluorescence microscope
(Zeiss, Axioskop 2 Plus) equipped with a HAL 100 W lamp and EXFO XCite 120 Fluorescence Illumination System. Red and blue excitation
using narrow-band filter cubes supported observations of the Alexa
Fluor® 647 and DAPI signals respectively. Controls consisted of tabanid
tissues confirmed DNA negative (via HRM-qPCR) for trypanosomatid
DNA (i.e. negative control) and smears of fixed T. noyesi cells from
culture (i.e. positive control).

2.3. Tabanid DNA extractions – whole fly
Initial DNA extractions involved collating all tissues of interest into a
single microfuge tube per individual fly (n = 148). DNA was extracted
using a DNeasy Blood & Tissue Kit (Qiagen, Hilden, Germany) according
to the manufacturer’s instructions (QIAGEN Supplementary Protocol:
Purification of total DNA from insects) and with modifications as pre
viously described in Krige et al. (2021a). Extraction reagent blank
controls were incorporated with each batch of DNA extractions, and
genomic DNA subsequently stored at − 80◦ C.
2.4. Tabanid DNA extractions – individual tissues
The DNA from individual tissues of interest (P1, P2, H, V, M, G, S; n
= 140) retrieved from a subset of Trypanosoma DNA positive tabanids (n
= 20) were extracted and analysed separately using the same method
ology as described above. Extraction reagent blank controls were simi
larly included for each batch of tissue DNA extractions with the DNA
eluents stored at − 80◦ C.

2.8. Scanning electron microscopy (SEM)
Proboscises from tabanids (n = 2) opportunistically collected and
preserved in 2.5% glutaraldehyde were dissected, dehydrated through
an ethanol series (30%, 50%, 70%, 90%, 100%, 100%) and processed in
a critical-point dryer. Samples were mounted directly on stubs with
adhesive carbon, before longitudinally cut using a sterile scalpel blade to
expose the internal structures, particularly the lumen(s) of the labrum
and hypopharynx. Mounted samples were sputter coated with 10 nm
gold (Au). Structures were imaged at 5kV using a Zeiss 55VP field
emission SEM.

2.5. HRM-qPCR detection of trypanosomatid DNA
Genomic DNA extracted from whole flies (n = 148) or individual
tissues of interest were screened for trypanosomatid DNA using primers
TrypF and TrypR (Krige et al., 2021a) that amplify a 250 bp region of the
18S ribosomal RNA gene (18S rRNA). Screening was performed using an
established High-Resolution Melting (HRM) coupled with Real Time
quantitative PCR (HRM-qPCR) technique (Keatley et al., 2020) that has
both trypanosomatid detection and species discrimination capabilities
attributed to variances in melting temperature (Tm) values between
different species (Keatley et al., 2020). All HRM-qPCR assays were
carried out in a reaction volume of 10 μL and using the reagents and
thermocycling steps specified in Krige et al. (2021a). Positive controls
obtained from the cloned DNA of Trypanosoma spp. genotypes

2.9. Statistical analysis
Statistical analyses were performed using a chi-squared test to
examine the relationship in Trypanosoma infection among different
3
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tissues: P1, P2, H, S, V, M, and G removed from dissected tabanids.
Specifically, data for P1 (labrum) and P2 (labium and mandibles) were
combined as this represented a potential mechanical route of trans
mission; data from S (salivary glands) and H (hypopharynx) were
similarly collated to reflect a salivarian (i.e. biological) route of trans
mission; data generated for G (hindgut and rectum) was included to
represent a stercorarian (i.e. biological) route. A chi-square test was
further performed to compare the occurrence of infection between the
different species of mammalian trypanosome (T. copemani, T. noyesi and

T. vegrandis/T. gilletti) using the data generated from dissected tissues.
Statistical significance was defined as p < 0.05.
3. Results
3.1. Tabanid flies collected and their morphological identification
A total of 148 individual tabanid flies were collected from within the
UWR of south-west Australia. Collection of flies was opportunistic and
Fig. 2. Optical microscopy images of
tabanid flies collected in this study;
(1) head, (2) dorsal abdomen, (3)
ventral abdomen, (4) single wing. (A)
S.
(Pseudoscione)
sp.
1;
(B)
S.
(Pseudoscione)
sp.
2;
(C)
S.
(Pseudoscione)
sp.
3;
(D)
S.
(Pseudoscione)
sp.
4;
(E)
S.
(Pseudoscione)
sp.
5;
(F)
S.
(Pseudoscione)
sp.
6;
(G)
S. (Scaptia) sp. 1; (H) S. (Scaptia) sp.
2. Key features for parataxonomic
identification: (i) orientation of frons
(diverging, parallel); (ii) colour of
antennae (dark, pale, bicoloured);
(iii) ventral abdomen (colour,
segment patterns); (iv) orientation of
wing veins (merging, parallel); (v)
wing vein features (appendix). Scalebars: 0.5 mm.
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therefore not standardised with respect to collection area and time.
Based on the morphological classifications for Australian tabanids as
described by Mackerras (1954, 1956, 1959) and the recent taxonomic
key by Lessard and Yeates (2012), 8 morphologically distinct species of
the Scaptia genus were identified (Fig. 2). Specifically, the dominant
subgenera identified in this study was Scaptia (Pseudoscione) with six
species morphologically distinguishable from collected specimens (n =
135). Moreover, two species were identified within the S. (Scaptia)
subgenera, albeit at lower incidence (n = 7). Due to the external damage
acquired during trapping, six specimens from the total number of
collected tabanids were unable to be allocated to a subgenus using
traditional taxonomic keys. Whilst tabanids were identifiable to sub
genera using Australian morphological keys and allocated a para
taxonomic reference, species-level confirmation required concurrent
molecular work that was beyond the scope of the current study.
Nevertheless, allocation to subgenera was achievable using identifiable
traits including the orientation of frons such as strongly diverging [Fig. 2
A1-F1 (i)], a distinctive trait of the S. (Pseudoscione) subgenera, or
uniquely parallel [Fig. 2 G1-H1 (i)] as evident for species of the sub
genera S. (Scaptia). Specimens were subsequently grouped based on
similar key characteristics and designated a parataxonomic species
number. Observable morphological differences included the colour of
the antennae as either pale [Fig. 2 B1, D1, E1, F1 (ii)], dark [Fig. 2 A1,
C1, G1 (ii)] or bicoloured [Fig. 2 H1 (ii)]; the presence or absence of
features on the pale ventral abdomen [Fig. 2 A3-H3] including whether
there are 3 parallel pigmented darker spots per segment [Fig. 2 D3 (iii)],
or whether the ventral abdomen consists of the latter 3 segments pig
mented darker [Fig. 2 E3 (iii)]; and defining features on the wings
including whether the veins R5 + M1 are merged [Fig. 2 A4, C4, D4, E4
(iv)] or run parallel [Fig. 2 B4, F4, G4, H4 (iv)], and the presence or
absence of an appendix at the junction between R5 and R4 [Fig. 2 F4,
G4, H4 (v)].

tissues (48%) were positive for trypanosomatid DNA as confirmed with
subsequent sequencing (Supplemental S2). Specifically, T. noyesi was
detected in 31% (43/140), T. copemani in 3% (4/140), T. vegrandis/T.
gilletti in 5% (7/140) and ‘other’ trypanosomatid sp. DNA detected in 9%
(13/140) of tabanid tissues (Table 1B). No DNA from Trypanosoma sp.
ANU2, a species of trypanosome previously reported in wildlife from the
area sampled, was detected in any of the tabanid flies sampled in this
study. The tissues in which each of these species of Trypanosoma:
T. copemani, T. noyesi, T. vegrandis/T. gilletti and ‘other’ trypanosomatid
sp., have been molecularly detected and their rate of occurrence within
each distinct tissue, is presented as a schematic diagram (Fig. 3).
3.4. Occurrence of Australian trypanosome parasites in tabanids
Pseudoscione and Scaptia subgenera both contained T. noyesi DNA,
whereas Pseudoscione was exclusively DNA positive for the additional
species detected: T. copemani, T. vegrandis/T.gilletti and ‘other’ trypa
nosomatid sp. DNA (Table 1A). Whilst relevant for future investigations
concerned with establishing the vector potential of individual flies and
their specificity for certain trypanosome species, due to a limited num
ber of collected Scaptia no meaningful statistical inferences could be
made regarding Trypanosoma spp. distribution among the subgenera
examined. The proportion of infected tissues did not differ significantly
between P1 and P2, H and S, and G tissues that were compared so as to
reflect the tissues characteristically involved in mechanical, salivarian
and stercorarian trypanosome transmission. The molecular data gener
ated for both T. noyesi and T. vegrandis/T. gilletti infected tabanid tissues
suggested a systemic dissemination of Trypanosoma DNA throughout the
flies, whereas T. copemani was only detected in screened salivary glands,
hypopharynx and a single proventriculus, suggestive of a potential sal
ivarian transmission route (Table 1B). Whilst chi-square tests of inde
pendence revealed no significant relationship between infected tissues,
the difference between the percentage of tabanid tissues infected with
T. noyesi compared with tabanid tissues infected with T. copemani and
T. vegrandis/T. gilletti was statistically significant (p < 0.00001).

3.2. HRM-qPCR detection with sequence-based identification of
Trypanosoma spp. in tabanids
From the 148 tabanid flies that were collected from the UWR, a total
of 71% (105/148) tested positive for the presence of Trypanosoma spp.
DNA by HRM-qPCR. Sanger sequencing confirmed the presence of three
Trypanosoma spp. previously described in fauna collected from this re
gion sampled. These species detected within tabanid flies included
T. copemani (3%; 4/148), T. noyesi (69%; 102/148), and genotypes
within the T. vegrandis/T. gilletti complex (2%; 3/148). BLAST and
phylogenetic analyses (Supplemental S1) were unable to separate
T. vegrandis and T. gilletti sequences into separate species, therefore
samples positive for T. vegrandis and T. gilletti were assigned to the same
species complex: T. vegrandis/T. gilletti as described by Cooper et al.
(2018). Trypanosomatid DNA not previously reported in this area was
molecularly detected in 5% (8/148) of collected flies (Table 1A). This
unconfirmed trypanosomatid sp. DNA has been referenced as ‘other’ in
this study. Of the 105 positive flies, seven were found to carry a mixed
infection comprising DNA for two or more Trypanosoma spp., as deter
mined through the screening of individual tissues (Table 1B). Interest
ingly, DNA from a Bodo sp. was detected in six flies. Whilst the
combination of HRM-qPCR and sequencing was sufficient for specieslevel identification, the short sequences generated meant that no
further phylogenetic inferences were made in this study. Retrieved
trypanosomatid DNA sequences from tabanids collected in this study
were deposited in GenBank under accession numbers (MZ379840MZ379976).

3.5. FISH observations of individual tabanid tissues
When smeared and hybridised salivary glands (n = 5) were micro
scopically observed using the filter cubes for red excitation, clusters of
intact parasite cells were detected (Fig. 4 A1-C1) within three of the
smears. These cells resembled the flagella-free stout and wide epi
mastigote forms as described by Botero et al. (2016) and as observed in
cultured T. noyesi smears used as positive controls (Fig. 4 D1, E1).
Correlation with DAPI staining confirmed the presence of a nucleus and
kinetoplast structure in close proximity (Fig. 4 A2-C2), with positive
controls verifying these structures as characteristic of Trypanosoma cells
(Fig. 4 D2, E2). In addition, epimastigote cells indicating potential di
vision were observed (Fig. 4 C2, circled). No other parasite morphol
ogies were apparent in the salivary glands. Images of the hindguts (n =
5) failed to confirm the presence of trypanosomatids and were deemed
negative for the presence of intact Trypanosoma parasites.
3.6. Visualisation of a Trypanosoma sp. flagellate in the proboscis of a
tabanid fly
Scanning electron microscopy (SEM) was performed on the internal
structures of the proboscis retrieved from tabanids (n = 2) opportunis
tically collected from the study area. Dissected specimens provided a
good opportunity to examine the internal lumen of the labrum and hy
popharynx. Scanning electron micrographs (Fig. 5) reveal the presence
and morphology of a Trypanosoma sp. flagellate observed within the
proboscis of a single tabanid fly. Attachment of the flagellate was in the
proximal part of the proboscis of a S. (Pseudoscione) sp. tabanid. The
shape of the body is suggestive of a possible stumpy trypomastigote life
stage exhibiting a long flagellum. At an estimated 8±1 μm in length,

3.3. Dissemination of Trypanosoma spp. DNA within tabanid tissues
The detection of Trypanosoma spp. DNA by the HRM-qPCR approach
was performed on DNA samples isolated from the individual tissues from
a randomly selected subset of 20 tabanid flies. Altogether, 67/140
5
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Fig. 3. Occurrence and dissemination of different species of Trypanosoma: T. copemani, T. noyesi, T. vegrandis/T. gilletti and ‘other’ trypanosomatid sp. within the
tissues (P1: labrum; P2: labium and mandibles; H: hypopharynx; S: salivary glands; V: proventriculus; M: midgut; G: hindgut and rectum) retrieved from tabanids (n
= 20) and individually screened using molecular detection. Colours represent the prevalence of different trypanosome species within distinct tabanid tissues. Scalebars: 1 mm. (For interpretation of the references to colour in this figure legend, the reader is referred to the web version of this article).

both the morphology and size are representative of a potential T. noyesi
life stage.

for T. noyesi DNA). Seasonal fluctuations and collection times may have
resulted in this varied prevalence; the season of adult activity for
Australian tabanids is typically bimodal as a consequence of a secondary
hatching peak during late Summer–Autumn, which correlates with the
wet season. At this stage the relationship between the two tabanid
seasonal peak times: the first peak (October–December) compared with
the second peak (February–April) and their respective influence on the
seasonal prevalence of detected Trypanosoma species is unknown.
Moreover, adult tabanids characteristically exhibit aggressive feeding
behaviour on animal hosts that occurs only during the latter stage of
their seasonal peaks due to females transitioning from nectar and pollen
feeding to acquiring blood for the purposes of oviposition (Taylor and
Smith, 1989). Hence, several factors can influence the reported preva
lence at any given time of collection. Also, Botero et al. (2016) pooled
samples together, likely leading to an underrepresentation of true
prevalence.
For the purposes of establishing whether indigenous trypanosomes
have an association with tabanids beyond their molecular signature –
the origins of which may simply derive from the remnants of a previous
blood meal – a FISH cytogenetic detection technique specific for try
panosomatids was utilised. Performed on tissues with an established
association with either the salivarian route (i.e. salivary glands) or the

4. Discussion
Using a trypanosomatid sensitive HRM-qPCR protocol combined
with cytogenetic detection by implementing an established FISH assay,
we have confirmed various tissue locations in which Australian tabanids
harbour both trypanosome DNA and intact parasite cells. This finding is
significant as to date there has been an absence of conclusive evidence to
confirm whether tabanids may serve a role as potential vectors for
Australia’s largely understudied wildlife trypanosomes. This is despite
several indigenous trypanosomes presenting as either a biosecurity and/
or conservation threat to the overall health of the Australian ecosystem
(Thompson and Thompson, 2015; Thompson, 2018). Accordingly, this
study provides the first indication of tabanid involvement in the
Australian trypanosome life cycle.
Molecular data indicates that T. noyesi is the most prevalent species
of Australian trypanosome found within tabanids collected from this
region of south-west Australia. Using PCR and sequencing Botero et al.
(2016) reported 30% of tabanids as positive for T. noyesi. In comparison,
we report prevalence to be much higher (~69% of tabanids as positive
6
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observed in tabanids morphologically resemble the epimastigote forms
visualised within Australian ticks (Krige et al., 2021a). Interestingly, the
only reported presence of Trypanosoma in tabanid salivary glands was
for the species T. vixax, where flagellates resembling the epimastigote
stages of the parasite were observed within the tissues of specimens
collected in Columbia, South America (Parra-Henao and LopezValencia, 2008). The presence of Trypanosoma developmental stages
within salivarian tissues is significant as it is suggestive of a biological
transmission route for this parasite. Specifically, trypanosomes that
infect the salivary glands subsequently infect the saliva of their vector,
facilitating the inoculation of vertebrate hosts. African trypanosomes
within the T. brucei complex as well as T. congolense and T. vivax are
confirmed salivarian trypanosomes as they are spread via the salivary
glands and saliva of infected tsetse flies (Hoare, 1972). However,
T. vivax is most commonly documented as transmitted by tabanids via
mechanical means (Baldacchino et al., 2014; Desquesnes and Dia,
2003). T. theileri is the only confirmed species capable of being trans
mitted by tabanids via both biological and mechanical routes, albeit the
biological route is stercorarian – by way of the hindgut and faeces
(Baldacchino et al., 2014). In the current study, no parasite forms were
microscopically observed in any of the smeared hindgut and rectum
tissues screened using FISH.
The species of trypanosome(s) observed within the salivary glands
remains unknown. Whilst the tabanids from which the salivary glands
were subsequently retrieved for the purpose of FISH analysis were all
confirmed as positive for T. noyesi DNA, individual tissue screening
revealed the potential for species of lower abundance including
T. copemani, T. vegrandis/T. gilletti and the ‘other’ trypanosomatid sp. to
be masked by the dominant T. noyesi. This was particularly evident with
the HRM-qPCR amplification that depicted amplification plots for
T. noyesi positive tabanids as having a lower CT value yet significantly
higher amplification curve when compared to the other species of
trypanosome detected in this study (Supplemental S3). As a result,
whilst the parasite cell bodies observed in the salivary glands resemble
T. noyesi epimastigotes (Botero et al., 2016; Krige et al., 2021a), we
cannot be confident of their identity without further investigations using
additional tissues and concurrent molecular screening.
The proboscis of tabanids and corresponding internal structures such
as the labrum, labium and hypopharynx were of interest as tabanids are
most commonly associated as mechanical vectors for trypanosomes
(Baldacchino et al., 2014). A single flagellated trypanosome seemingly
attached to the wall of the labrum was observed in the proximal region
of the proboscis, with morphology and dimensions comparable to the
T. noyesi trypomastigote life stage. This finding corresponds directly
with the DNA detection of T. noyesi within this tissue and suggests a
likely role of tabanids in mechanical transmission of indigenous try
panosomes. Unfortunately, species identity for this flagellate observed
using SEM is unknown due to the DNA cross-linking nature of glutar
aldehyde, making DNA retrieval impossible. Interestingly, no trypano
somes were visible in either the labium or hypopharynx despite T. noyesi
having the highest molecular frequency of this parasite in the labium
and mandibles. Nevertheless, it has been reported that it is generally
much easier to observe trypanosomes in the labrum compared to
labium, the latter of which is highly pigmented and much thicker,
making visualisation more difficult (Gibson et al., 2017). Therefore, the
presence of trypanosomes within the labium remains plausible.
Molecular screening of individual tabanid tissues revealed the pres
ence of other Trypanosoma species previously documented from the re
gion sampled, albeit at a significantly lower prevalence when compared
to T. noyesi. These additional species included T. copemani and geno
types of the T. vegrandis/T. gilletti complex. The inability to isolate
T. vegrandis and T. gilletti sequences into separate species resulted in their
grouping into the same species complex. Whilst this outcome may be a
limiting result of amplifying a smaller region of the 18S rRNA, inter
estingly, a previous study has similarly reported an unclear genetic
boundary between the two species (Cooper et al., 2018). Moreover,

Fig. 4. Trypanosoma detection and visualisation in the smeared salivary glands
from DNA positive tabanids using epifluorescence microscopy. Hybridisation
with red probe signal (left) and corresponding blue DAPI signal (right). Tabanid
salivary gland smears (A-C) showing brightly red Trypanosoma parasite cells
(A1-C1) and counter stained with blue DAPI (A2-C2) to confirm the nucleus and
the presence of the kinetoplast (asterisk); a characteristic feature of Trypano
soma species. Parasite cell bodies within smeared salivary glands resembled
stout and wide epimastigotes (A-C), which can be observed in the positive
controls from T. noyesi cultured cells (D, E; arrowed). Indication for binary
fission was also apparent (C2; circled). Scale-bars: 10 μm.

stercorarian route (i.e. hindgut and rectum) for biological vectors of
trypanosomes (Hoare, 1972), this FISH assay provided visual evidence
for the presence of intact parasites within the smeared contents of sali
vary glands. Observations of cellular bodies resembling the stout and
stumpy epimastigote stage of the trypanosome life cycle is consistent
with both the in vitro stages of documented Australian Trypanosoma
(Botero et al., 2016) and the epimastigote form associated with known
invertebrate vectors (Peacock et al., 2018). Moreover, the parasite cells
7
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Fig. 5. Attachment of a Trypanosoma sp. flagellate near the proximal part of the proboscis of a S. (Pseudoscione) sp. (A) Flagellate is visible on the internal wall of the
labrum. (B) Flagellar pocket (arrowed); a distinguishing feature for species of Trypanosoma. (C) SEM image of proboscis with part of the labrum removed showing the
area in which the Trypanosoma sp. flagellate was observed on the internal wall (lumen) of the labrum. Scale-bars: (A) 1 μm; (B) 200 nm; (C) 10 μm.

these authors have suggested that given the many genotypes of
T. vegrandis and the lack of morphological data describing T. gilletti, it is
plausible they are of the same species complex (Cooper et al., 2018).
Future evaluation of Australian Trypanosoma phylogenetic positioning is
needed to confirm this relationship. The DNA from a trypanosomatid sp.
not presently described within Australia was detected for the first time
in this study. Whilst further investigations concerning this species was
beyond the scope and purpose of this investigation, early results indicate
this DNA as potentially of a monoxenous (i.e. insect) origin, which
correlates with its higher incidence in the gut of tabanids (Frolov et al.,
2021).
Overall, of the tabanids subjected to individual tissue screening,
seven demonstrated the presence of a mixed infection of several Try
panosoma species. Tabanids exhibit an interrupted feeding behaviour
that results in frequent host-switching before completion of a blood meal
(Foil, 1983). Therefore, their proficiency for acquiring several
trypanosome species in a single meal is significantly increased (Des
quesnes et al., 2009; Magnarelli and Anderson, 1980). This feeding
ecology combined with the high incidence of trypanosome co-infection
in wildlife from the study site sampled (Cooper et al., 2018; Godfrey
et al., 2018), suggest that the presence of multiple trypanosome species
in tabanids is to be expected.
S. (Pseudoscione) was the most prevalent tabanid subgenus identified
in this study, with the only other subgenus detected as S. (Scaptia).

Despite descriptions by Mackerras (1954, 1956, 1959) identifying
Australian tabanids, species-level taxonomic work is significantly
impeded by the general morphological uniformity of the genitalia; de
limitation of species can also be challenging as preservation techniques
can significantly alter the external colouration of specimens (Mackerras
et al., 2008). Henceforth, the employment of molecular analyses is
recommended for future studies that seek to expand upon this research
and establish the vector potential of specific tabanid species for
Australian trypanosomes. Whilst identification of tabanids to specieslevel was beyond the scope and purpose of this study, tabanids were
nevertheless documented and grouped into subspecies based on estab
lished morphological descriptions (Fig. 2), which may prove useful for
these future studies. Notably, the genus Scaptia has an exclusively
southern hemisphere distribution, with species restricted to Australia,
New Guinea, New Zealand and South America. S. (Pseudoscione) is
considered to be the most species-rich subgenus of Scaptia, with
approximately 66 extant species described. Moreover, S. (Pseudoscione)
is a resilient fly, adaptable to diverse climates, particularly drought and
arid prone regions, and consequently has a widespread geographical
distribution across Australia (Lessard and Yeates, 2012). The species
within S. (Pseudoscione) have been further recorded to parasitise a
diverse range of hosts including humans (Mackerras, 1960). This is of
importance as should transmission studies reveal species of
S. (Pseudoscione) as capable of serving as vectors for T. noyesi, then this
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could account for the evident universal distribution of T. noyesi across
the continent and within a diverse range of wildlife hosts (Barbosa et al.,
2017; Thompson et al., 2014). Of increasing concern however, is that
should these tabanids serve as vectors for T. noyesi, a parasite of close
genetic similarity to the South American human pathogen T. cruzi, this
raises the potential biosecurity risk to the health of the Australian
ecosystem should the highly pathogenic T. cruzi be introduced into our
native wildlife (Thompson, 2018).
Lastly, besides the known trypanosomes and novel trypanosomatid
sp. revealed in tabanids, DNA from a species of Bodonidae was also
detected. Interestingly, Bodo sp. DNA has been previously detected in
questing ticks (Krige et al., 2021a) as well as reported in the blood of
woylies (Northover et al., 2019), both of which were collected from the
same region of south-west Australia. Whilst Bodonidae are typically
classified as free living non-parasitic flagellates associated with soil and
water environments, their repeated detection in wildlife from southwest Australia should not be overlooked given their otherwise neglec
ted life history.

mechanical transmission by biting flies, with tabanids confirmed as
biological and mechanical vectors of T. theileri. The high occurrence of
T. noyesi DNA in tabanid tissues lends to a probable infection with this
species of parasite. Further studies are now needed to construct a more
complete life cycle, as well as to establish tabanid vector competency for
the indigenous trypanosome species detected in this study. Under
standing the role of tabanids in the Australian trypanosome life cycle(s)
will aid in establishing vector control measures for both biosecurity and
conservation efforts.
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5. Conclusion
This study has confirmed the presence of several species of Trypa
nosoma in tabanids from two commonly occurring subgenera:
S. (Pseudoscione) and S. (Scaptia), from south-west Australia. T. noyesi, a
species of biosecurity concern due to its genetic similarity to the South
American pathogen T. cruzi, was the most frequently detected parasite
followed by genotypes within the T. vegrandis/T. gilletti complex and
T. copemani. Interestingly, a novel trypanosomatid sp. was also detected
in tabanids for the first time, with initial data suggesting a monoxenous
origin. Molecular screening has further revealed the widespread
dissemination of Trypanosoma DNA throughout several tissues that are
characteristically associated with trypanosome transmission. The mo
lecular data generated in this study combined with the direct visual
isation of cellular forms within the salivary glands is suggestive of a
potential biological route for transmission of trypanosomes by Austra
lian tabanids. This finding is significant as to date there has been limited
evidence to indicate tabanids as serving a potential role as vectors for
Australian trypanosomes. Furthermore, the mechanical transmission of
trypanosomes by tabanids predominates as the primary route of spread
for several exotic trypanosome species, and so the presence of a possible
biological route in Australia is a significant discovery towards under
standing the tabanid-trypanosome relationship. In addition, the pres
ence of an intact flagellate in the labrum of the proboscis of a tabanid fly,
as well as the high incidence of Trypanosoma DNA in both the labrum
and the labium and mandibles of the proboscis, further suggests a likely
mechanical role in trypanosome transmission. This is not unlike the
exotic T. theileri and T. vivax that are capable of both biological and

Author contribution
ASK, RCAT, and PLC designed the project. ASK photographed spec
imens, performed microscopic and molecular analyses, drafted and
wrote the manuscript. AW, GB and ST collected specimens. AW and ASK
identified specimens. RCAT and PLC supervised and facilitated the
support of the PhD project. RCAT provided technical expertise on the
subject. All authors read and approved the final manuscript.
Declaration of Competing Interest
The authors declare there are no conflicts of interest.
Acknowledgements
We acknowledge use of the Microscopy Australia facilities at the
Centre for Microscopy, Characterisation and Analysis (CMCA) at the
University of Western Australia, a facility funded by the University,
State and Commonwealth Governments. Thanks to Tegan East (DBCA)
for assistance with tabanid collections. We also acknowledge technical
assistance and support provided by Shaofu Li (UWA), Celeste Wale
(UWA) and Frances Brigg (Murdoch University).

Appendix A
Table 1A
Prevalence of Trypanosoma spp. DNA in tabanid flies identified to different subgenera.
Tabanid

Trypanosoma
copemani
n (%)

Trypanosoma noyesi n
(%)

Trypanosoma vegrandis/T.
gilletti
n (%)

‘Other’
Trypanosomatid
n (%)

Total n (%)

Scaptia (Pseudoscione) sp. 1
Scaptia (Pseudoscione) sp. 2
Scaptia (Pseudoscione) sp. 3
Scaptia (Pseudoscione) sp. 4
Scaptia (Pseudoscione) sp. 5
Scaptia (Pseudoscione) sp. 6
Scaptia (Scaptia) sp. 1
Scaptia (Scaptia) sp.
Unclassified tabanids*
Total (incl. Tabanids with mixed infections)

2/39 (5.1)

18/39 (46.2)
19/19 (100.0)
20/39 (51.3)
24/28 (85.7)
7/7 (100.0)
2/3 (66.7)
1/1 (100.0)
6/6 (100.0)
5/6 (83.3)

1/39 (2.6)

3/39 (7.7)

2/39 (5.1)

5/39 (12.8)

24/39 (61.5)
19/19 (100.0)
29/39 (74.4)
24/28 (85.7)
7/7 (100.0)
2/3 (66.7)
1/1 (100.0)
6/6 (100.0)
5/6 (83.3)

2/39 (5.1)

(continued on next page)
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Table 1A (continued )
Tabanid

Trypanosoma
copemani
n (%)

Trypanosoma noyesi n
(%)

Trypanosoma vegrandis/T.
gilletti
n (%)

‘Other’
Trypanosomatid
n (%)

117** /148
(79.1)
105/148 (70.9)

Net total (i.e. overall positivity; tabanids
represented once)

*

**

Total n (%)

Specimens not allocated to subgenus due to morphological damage acquired during sampling.
This total includes mixed infections detected in tabanids (n = 11); therefore, these tabanids were represented more than once in this table.

Table 1B
Prevalence of Trypanosoma spp. DNA within a subset of 20 tabanids, with tissues (n = 140) individually screened using molecular detection.
Trypanosoma copemani
n (%)
P1: labrum
P2: labium and mandibles
H: hypopharynx
S: salivary glands
V: proventriculus
M: midgut
G: hindgut and rectum
Total

1/140 (0.7)
2/140 (1.4)
1/140 (0.7)
4/140 (2.9)

Trypanosoma noyesi n (%)

Trypanosoma vegrandis/ T. gilletti
n (%)

4/140 (2.9)
10/140 (7.1)
4/140 (2.9)
7/140 (5.0)
5/140 (3.6)
7/140 (5.0)
6/140 (4.3)
43/140 (30.7)

1/140
1/140
2/140
1/140
1/140

(0.7)
(0.7)
(1.4)
(0.7)
(0.7)

1/140 (0.7)
7/140 (5.0)

‘Other’ Trypanosomatid
n (%)
2/140 (1.4)
2/140 (1.4)
3/140 (2.1)
2/140 (1.4)
4/140 (2.9)
13/140 (9.3)

Total n (%)
5/140 (3.6)
13/140 (9.3)
7/140 (5.0)
12/140 (8.6)
10/140 (7.1)
9/140 (6.4)
11/140 (7.9)
67/140 (47.9)

Appendix B. Supplementary data
Supplementary data to this article can be found online at https://doi.org/10.1016/j.meegid.2021.105152.

References

Godfrey, S.S., Keatley, S., Botero, A., Thompson, C.K., Wayne, A.F., Lymbery, A.J.,
Morris, K., Thompson, R.C.A., 2018. Trypanosome co-infections increase in a
declining marsupial population. Int. J. Parasitol. Parasites Wildl. 7, 221–227.
https://doi.org/10.1016/j.ijppaw.2018.06.002.
Guindon, S., Dufayard, J.F., Lefort, V., Anisimova, M., Hordijk, W., Gascuel, O., 2010.
New algorithms and methods to estimate maximum-likelihood phylogenies:
assessing the performance of PhyML 3.0. Syst. Biol. 59, 307–321. https://doi.org/
10.1093/sysbio/syq010.
Hoare, C.A., 1972. The Trypanosomes of Mammals. Blackwell Scientific Publishing,
Oxford, England.
Kearse, M., Moir, R., Wilson, A., Stones-Havas, S., Cheung, M., Sturrock, S., Buxton, S.,
Cooper, A., Markowitz, S., Duran, C., Thierer, T., Ashton, B., Meintjes, P.,
Drummond, A., 2012. Geneious Basic: an integrated and extendable desktop
software platform for the organization and analysis of sequence data. Bioinformatics
28, 1647–1649. https://doi.org/10.1093/bioinformatics/bts199.
Keatley, S., Botero, A., Fosu-Nyarko, J., Pallant, L., Northover, A., Thompson, R.C.A.,
2020. Species-level identification of trypanosomes infecting Australian wildlife by
high-resolution melting – real time quantitative polymerase chain reaction (HRMqPCR). Int. J. Parasitol. Parasites Wildl. 13, 261–268. https://doi.org/10.1016/j.
ijppaw.2020.11.003.
Krige, A.S., Thompson, R.C.A., Seidlitz, A., Keatley, S., Botero, A., Clode, P.L., 2021a.
‘Hook, line, and sinker’: fluorescence in situ hybridisation (FISH) uncovers
Trypanosoma noyesi in Australian questing ticks. Ticks Tick-Borne. Dis. 12, 101596
https://doi.org/10.1016/j.ttbdis.2020.101596.
Krige, A.S., Thompson, R.C.A., Seidlitz, A., Keatley, S., Wayne, J., Clode, P.L., 2021b.
Molecular detection of Trypanosoma spp. in questing and feeding ticks (Ixodidae)
collected from an endemic region of south-west Australia. Pathogens 10, 1037.
https://doi.org/10.3390/pathogens10081037.
Lessard, B.D., Yeates, D.K., 2012. Seven new Australian species of the southern
hemisphere horse fly subgenus Scaptia (Pseudoscione) (Diptera: Tabanidae),
including descriptions and a revised key. J. Med. Entomol. 49, 1206–1225. https://
doi.org/10.1603/ME12028.
Mackerras, I.M., 1954. The classification and distribution of Tabanidae (Diptera).
I. General Review. Aust. J. Zool. 2, 431–454. https://doi.org/10.1071/ZO9540431.
Mackerras, I.M., 1956. The Tabanidae (Diptera) of Australia. I. General Review. Aust. J.
Zool. 4, 376–407. https://doi.org/10.1071/ZO9560376.
Mackerras, I.M., 1959. An annotated catalogue of described Australian Tabaninae
(Diptera, Tabanidae). Proc. Linn. Soc. N.S.W. 84, 159–185.
Mackerras, I.M., 1960. The Tabanidae (Diptera) of Australia III. Subfamily Pangoniinae,
tribe Scionini and supplement to Pangoniini. Aust. J. Zool. 8, 1–152. https://doi.org/
10.1071/ZO9600001.
Mackerras, I.M., 1964. The Tabanidae (Diptera) of New Guinea. Pac. Insects 6, 69–210.
http://hbs.bishopmuseum.org/pi/pdf/6(1)-69.pdf.
Mackerras, I.M., Spratt, D.M., Yeates, D.K., 2008. Revision of the horse fly genera
Lissimas and Cydistomyia (Diptera: Tabanidae: Diachlorini) of Australia. Zootaxa
1886, 1–80. https://www.biotaxa.org/Zootaxa/article/view/zootaxa.1886.1.1/
46578.

Baldacchino, F., Desquesnes, M., Mihok, S., Foil, L.D., Duvallet, G., Jittapalapong, S.,
2014. Tabanids: neglected subjects of research, but important vectors of disease
agents! Infect. Genet. Evol. 28, 596–615. https://doi.org/10.1016/j.
meegid.2014.03.029.
Barbosa, A., Reiss, A., Jackson, B., Warren, K., Paparini, A., Gillespie, G., Stokeld, D.,
Irwin, P., Ryan, U., 2017. Prevalence, genetic diversity and potential clinical impact
of blood-borne and enteric protozoan parasites in native mammals from northern
Australia. Vet. Parasitol. 238, 94–105. https://doi.org/10.1016/j.
vetpar.2017.04.007.
Botero, A., Cooper, C., Thompson, C.K., Clode, P.L., Rose, K., Thompson, R.C.A., 2016.
Morphological and phylogenetic description of Trypanosoma noyesi sp. nov.: an
Australian wildlife trypanosome within the T. cruzi clade. Protist. 167, 425–439.
https://doi.org/10.1016/j.protis.2016.07.002.
Cooper, C., Clode, P.L., Peacock, C., Thompson, R.C.A., 2016. Host-parasite relationships
and life histories of trypanosomes in Australia. Adv. Parasitol. 97, 47–109. https://
doi.org/10.1016/bs.apar.2016.06.001.
Cooper, C., Keatley, S., Northover, A., GOfton, A.W., Brigg, F., Lymbery, A.J., Pallant, L.,
Clode, P.L., Thompson, R.C.A., 2018. Next generation sequencing reveals
widespread trypanosome diversity and polyparasitism in marsupials from Western
Australia. Int. J. Parasitol. Parasites Wildl. 7, 58–67. https://doi.org/10.1016/j.
ijppaw.2018.01.005.
Daniels, G., 1989. Family Tabanidae. In: Evenhuis, N.L. (Ed.), Catalog of the Diptera of
the Australasian and Oceania Regions. The British Museum Press, Honolulu, USA,
pp. 277–294.
Desquesnes, M., Dia, M.L., 2003. Trypanosoma vivax: mechanical transmission in cattle
by one of the most common African tabanids, Atylotus agrestis. Exp. Parasitol. 103,
35–43. https://doi.org/10.1016/S0014-4894(03)00067-5.
Desquesnes, M., Biteau-Coroller, F., Bouyer, J., Dia, M.L., Foil, L., 2009. Development of
a mathematical model for mechanical transmission of trypanosomes and other
pathogens of cattle transmitted by tabanids. Int. J. Parasitol. 39, 333–346. https://
doi.org/10.1016/j.ijpara.2008.07.004.
Edgar, R.C., 2004. MUSCLE: multiple sequence alignment with high accuracy and high
throughput. Nucleic Acids Res. 32, 1792–1797. https://doi.org/10.1093/nar/
gkh340.
Foil, L.D., 1983. A mark-recapture method for measuring effects of spatial separation of
horses on tabanid (Diptera) movement between hosts. J. Med. Entomol. 20,
301–305. https://doi.org/10.1093/jmedent/20.3.301.
Foil, L.D., 1989. Tabanids as vectors of disease agents. Parasitol. Today 5, 88–96. https://
doi.org/10.1016/0169-4758(89)90009-4.
Frolov, A.O., Kostygov, A.Y., Yurchenko, V., 2021. Development of monoxenous
trypanosomatids and phytomonads in insects. Trends Parasitol. 37, 538–551.
https://doi.org/10.1016/j.pt.2021.02.004.
Gibson, W., Peacock, L., Hutchinson, R., 2017. Microarchitecture of the tsetse proboscis.
Parasit. Vectors 10, 430. https://doi.org/10.1186/s13071-017-2367-2.

10

A.-S. Krige et al.

Infection, Genetics and Evolution 96 (2021) 105152
Smith, A., Clark, P., Averis, S., Lymbery, A.J., Wayne, A.F., Morris, K.D., Thompson, R.C.
A., 2008. Trypanosomes in a declining species of threatened Australian marsupial,
the brush-tailed bettong Bettongia penicillata (Marsupialia: Potoroidae). Parasitol.
135, 1329–1335. https://doi.org/10.1017/S0031182008004824.
Strother, S., 1999. Genus Tabanus. Tabanids (horseflies). What is this insect and how
does it affect man? Dermatol. Online J. 5, 6. https://escholarship.org/uc/item/7rt
6983g.
Taylor, P.D., Smith, S.M., 1989. Activities and physiological states of male and female
Tabanus sackeni. Med. Vet. Entomol. 3, 203–212. https://doi.org/10.1111/j.13652915.1989.tb00216.x.
Thompson, R.C.A., 2018. Exotic parasite threats to Australia’s biosecurity – trade, health,
and conservation. Trop. Med. Infect. Dis. 3, 76. https://doi.org/10.3390/
tropicalmed3030076.
Thompson, C.K., Thompson, R.C.A., 2015. Trypanosomes of Australian mammals:
knowledge gaps regarding transmission and biosecurity. Trends Parasitol. 31,
553–562. https://doi.org/10.1016/j.pt.2015.06.011.
Thompson, C.K., Godfrey, S.S., Thompson, R.C.A., 2014. Trypanosomes of Australian
mammals: a review. Int. J. Parasitol. Parasites Wildl. 3, 57–66. https://doi.org/
10.1016/j.ijppaw.2014.02.002.
Wayne, A.F., Maxwell, M.A., Ward, C.G., Vellios, C.V., Wilson, I.J., Wayne, J.C.,
Williams, M.M.R., 2015. Sudden and rapid decline of the abundant marsupial
Bettongia penicillata in Australia. Oryx 49, 175–185. https://doi.org/10.1017/
S0030605313000677.
Yang, R., Murphy, C., Song, Y., Ng-Hublin, J., Estcourt, A., Hijjawi, N., Chalmers, R.,
Hadfield, S., Bath, A., Gordon, C., Ryan, U., 2013. Specific and quantitative detection
and identification of Cryptosporidium hominis and C. parvum in clinical and
environmental samples. Exp. Parasitol. 135, 142–147. https://doi.org/10.1016/j.
exppara.2013.06.014.

Magnarelli, L.A., Anderson, J.F., 1980. Feeding-behavior of Tabanidae (Diptera) on cattle
and serological analysis of partial blood meals. Environ. Entomol. 9, 664–667.
https://doi.org/10.1093/ee/9.5.664.
Northover, A.S., Godfrey, S.S., Keatley, S., Lymbery, A.J., Wayne, A.F., Cooper, C.,
Pallant, L., Morris, K., Thompson, R.C.A., 2019. Increased Trypanosoma spp. richness
and prevalence of haemoparasite co-infection following translocation. Parasit.
Vectors 12, 126. https://doi.org/10.1186/s13071-019-3370-6.
Ortiz-Baez, A.S., Cousins, K., Eden, J.-S., Chang, W.-S., Harvey, E., Pettersson, J.H.-O.,
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